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Abstract—Little is known concerning the sensitivity of the reproductive tract to ethanol as a function
of development. The present study was conducted to evaluate the action of chronic ethanol ingestion
on sexual maturation of the male. Mice were given free access to liquid diets containing 5% (v/v)
ethanol for either 29 or 43 days, starting at age 20 days. Controls were given liquid diets in which
isocaloric sucrose replaced the ethanol. Daily diet consumption and peak blood ethanol levels were
highest during the first 2 weeks of treatment, dropping thereafter to adult levels of approximately
680 ml/kg body weight and 160 mg/dl respectively. Plasma testosterone levels were depressed by ethanol
throughout treatment, the reduction being somewhat greater when measured during week 6 of treatment
(average = 74% inhibition) as compared to either week 2 (36%) or week 4 (25%). Average weights of
testes, epididymides and seminal vesicles were depressed by 24% (P <0.002), 16% (P < 0.005) and
13% (NS), respectively, after 29 days. Testicular development was also impaired in ethanol-treated
animals after 29 days. Tunica albuginea thickness and seminiferous tubule diameter were decreased (by
31%, P < 0.05; and 16%, P < 0.01 respectively), whereas desquamation of immature germ cells and
inactive tubules were increased (325 and 780% respectively; P < 0.01). Quality of spermatogenesis was
poorer in ethanol-treated animals (P < 0.05). Also observed were decreased sperm motility (62%
inhibition, P < 0.01) and capacity to fertilize (decreased by 67%, P < 0.01), and an increase in the
incidence of morphologically abnormal spermatozoa (by 163%, P < 0.001). Semen volume was lower
(reduced by 57%, P = 0.05), as was the total number of motile ejaculated spermatozoa (reduced by
81%, P < 0.05). After 43 days treatment, improvement was noted in all indices of fertility except for
the number of motile ejaculated spermatozoa. Significant differences persisted only for dysmorphic
spermatozoa and volume and sperm count of electroejaculated semen. These data suggest that ethanol
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ingestion during pubertal development can delay several aspects of sexual maturation in the male.

The effects of ethanol on various aspects of repro-
ductive physiology are substantial. Chronic alcohol
abuse by males has been correlated with hypo-
gonadism, feminization, sexual impotence and
altered reproductive hormonal homeostasis (for
reviews, see Refs. 1-4). Similarly, women alcoholics
have been afflicted with amenorrhea and infertility,
and have reported stressful labor during childbirth
[2, 5]. Further, the teratogenicity of ethanol is well-
documented. The fetal alcohol syndrome, a charac-
teristic pattern of craniofacial, growth and urogenital
anomalies accompanied by mental retardation, in
addition to a number of other “‘fetal alcohol effects”,
has been described in children born to mothers
(usually alcoholic) who drank heavily during preg-
nancy (for reviews, see Refs. 6-8). Evidence
(although controversial in nature) has also been gath-
ered which suggests that ethanol may be mutagenic
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Anderson Jr., Ph.D., Ob/Gyn Research, Rush-Pres-
byterian-St. Luke’s Medical Center, 1753 West Congress
Parkway, Chicago, IL 60612.

when chronically ingested by the male, at least under
certain conditions [9-11]. Animal studies have
further shown that ethanol inhibits both in vitro [12]
and in vivo [13] fertilization, possibly by inhibiting
essential sperm processes which precede sperm pen-
etration of the oocyte, such as capacitation or the
acrosome reaction [12, 14].

To date, most studies of ethanol-induced infertility
have been conducted with males, both clinically and
in laboratory animals. Many of these investigations
have focused on the acute and chronic effects of
ethanol on hormonal status, in an attempt to eluci-
date the etiology of ethanol-associated male repro-
ductive disorders. Much information has been gath-
ered concerning ir vivo and in vitro effects of ethanol
on the male reproductive endocrine system. Among
the reported effects are reduced luteinizing hormone
and testosterone [15-18], increased prolactin [19]
and androstenedione [20,21], decreased activities
of steroidogenic enzymes, including 178-hydroxy-
steroid dehydrogenase [21] and Sa-reductase
[20], and decreased numbers of testicular gon-
adotropin receptors [22,23]. Alcohol exerts direct
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effects at all levels of the hypothalamic-pituitary—
gonadal axis.

Risk factors associated with alcohol-related male
reproductive pathology, such as duration and quan-
tity of alcohol consumed, age of consumption and/
or period of development (e.g. adolescence), have
not been identified in clinical studies. Inadequate
data collection and faulty patient recollection are
probable factors for the lack of information in this
area. The conduct of controlled experiments with
laboratory animals may be a more plausible approach
to the identification of risk factors associated with
alcohol-related reproductive impairment. Such stud-
ies in adult males have demonstrated that the extent
of male reproductive tract pathophysiology is depen-
dent upon both the level and the duration of ethanol
exposure [18, 24], and that ethanol may be exerting
these effects by direct action at the level of the testes
[25-27], as well as the hypothalamic—pituitary axis
[28-30].

However, periods of development which may dif-
fer with regard to sensitivity to the effects of ethanol
on male reproductive capacity have not been ident-
ified. Such information would be of particular
importance when alcohol use by adolescent males is
considered. A 1978 survey [31] indicated that nearly
80% of high-school-age youths drink alcohol; 31%
were classified as heavy users, and nearly one-half
of these individuals had begun drinking at age 13.

A previous investigation [32] indicated that
chronic ethanol ingestion by sexually immature rats
delays at least certain aspects of sexual maturation
(i.e. balanopreputial separation) in these animals.
Also observed were elevated basal follicle stimu-
lating hormone (FSH) levels and an exaggerated
FSH response to castration, suggesting immaturity
of both hypothalamus—pituitary and testes.

Many animal studies that examined the effect of
chronic ethanol ingestion on male reproductive func-
tion have been conducted with sexually immature
(preadolescent) animals [33-35]. Ethanol treatment
periods included, but were not restricted to, pubertal
development. Moreover, such studies examined
reproductive function after only a single duration
of treatment. Under these conditions, it has been
difficult to separate observed hormonal or repro-
ductive tract changes due to direct effects of ethanol
on pre-existing reproductive potential, from those
alterations in the biochemical and physiological
events associated with the process of sexual matu-
ration. It was the purpose of the present study to
address this question by evaluating several indices of
reproductive tract integrity in mice that had been
treated with ethanol throughout puberty. The results
strongly suggest that chronic ethanol ingestion delays
processes related to sexual maturation.

METHODS

Chemicals

Ethanol (95%, v/v, USP) was obtained from the
institutional central supply facility at the University
of Illinois Health Sciences Center. Testosterone stan-
dards [1a,2a-*H(N)]testosterone (45 Ci/mmol) and
rabbit testosterone antiserum were products of New
England Nuclear (Boston, MA). Dextran T-70 was
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purchased from Pharmacia, Inc. (Piscataway, NI).
Activated charcoal (untreated powder), thiourea,
fructose, p-nitrophenylphosphate, sorbitol dehydro-
genase (EC1.1.1.14; from sheep liver), nicotinamide
adenine dinucleotide (reduced form; NADH),
human chorionic gonadotropin (hCG) and bovine
serum albumin (BSA, fraction V) were from the
Sigma Chemical Co. (St. Louis, MO). Hematoxylin
and eosin Y dyes were from Chroma-Grubler Bio-
logical Products, distributed by the Robez Surgical
Instrument Co., Inc. (Washington, DC). Lacmoid
dye was a product of Matheson, Coleman & Bell
(Norwood, OH). Pregnant mare’s serum (PMS;
Gestyl) was purchased from Diosynth, Inc.
(Chicago, IL). Mucolexx was obtained from Lerner
Laboratories (Stamford, CT). Chocolate-flavored
Carnation Slender was purchased from a local
grocer. Vitamin supplement (Catalog No. 904634)
was a product of ICN Nutritional Biochemicals
(Cleveland, OH). All other chemicals were of the
highest quality commercially available.

Animals

Sexually mature male C57B1/6J mice (age 60 days;
28-30 g), obtained from Jackson Laboratories (Bar
Harbor, ME), were mated with female Swiss—
Webster mice (28-30g), purchased from Harlan
Sprague-Dawley (Madison, WI). Pregnant mice
were individually housed in an institutional facility
(22+1°, 14/10hr light/dark cycle; lights on at
5:00a.m.). Progeny were weaned and sexed at 18
days of age. Males were housed individually. On the
afternoon of the same day, all males were given free
access to a liquid diet (chocolate-flavored Carnation
Slender), containing 3 g/liter vitamin supplement
and sucrose (68.8 g/1) in an amount isocaloric to that
of 5% (v/v) ethanol. Detailed composition of the
diet has been presented elsewhere [18].

Experimental design

At age 20 days, animals were divided into ethanol-
treated and control groups. Littermates were divided
between the two groups. The ethanol-treated group
was given free access to a diet that contained 5%
(v/v) ethanol (28% of the total caloric intake was
derived from ethanol); the control group was given
diet in which an isocaloric amount of sucrose
replaced the ethanol. Diet consumption of the con-
trol animals was restricted to the average diet con-
sumption of the ethanol-treated group on the pre-
vious day.

Animals were maintained on their respective diets
for either 29 or 43 days. The shorter treatment period
included early pubertal development and the nom-
inal age at which sexual maturity is attained 36, 37],
whereas the longer treatment period included late
pubertal development. During treatment, diet con-
sumption was measured daily. Growth was estimated
by measuring body weight daily. Animals whose
body weights were less than 80% of the average body
weight for the control group were removed from the
study and were not included in the tabulation of
data. This procedure minimized possible nutritional
contributions to the observed data. Blood ethanol
and plasma testosterone profiles of randomly selec-
ted animals (five to seven per time point) were
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determined on days 10/11, 24/25 and 38/39. Blood
for both assays was not derived from the same
animal, due to the small size of the animals and the
relatively large volume of blood required for both
assays (125 ul; see below). Blood was collected from
each animal no more than twice for each assay within
a 6-hr period on any given day.

On the morning of either day 30 or day 44, animals
were removed from their diets and given free access
to laboratory chow and water. Twenty-four hours
after withdrawal, semen samples from randomiy
selected animals (seven per group) were obtained by
electroejaculation (see below). Twenty-four hours
after electroejaculation, animals were killed by cer-
vical dislocation, and the right halves of their repro-
ductive tracts were removed. The testes, epid-
idymides and seminal vesicles from seven randomly
selected animals per group were removed and were
weighed.

Testes were immersion-fixed in Bouin’s fluid,
while caudae epididymides were placed into 1.0ml
of in vitro sperm capacitation medium (see below).
Small cuts were made in the epididymides, and sper-
matozoa were allowed to disperse into the medium
for 10min, after which epididymal tissue was
removed. Aliquots of the sperm suspension were
taken for determination of count, motility and mor-
phology as described previously [24]. The remainder
of the sperm suspension was capacitated for 60 min,
followed by insemination of sperm aliquots into cul-
ture dishes containing mouse oocytes (see below).

Electroejaculation and semen analysis

Semen was obtained by electroejaculation with a
bipolar rectal probe as described by Anderson et al.
[38]. Coagulae produced from the procedure were
weighed, and the fluid portion of the ejaculates was
analyzed for volume, sperm count, sperm motility,
fructose concentration and acid phosphatase
content.

Ejaculate volume was estimated from the frac-
tional length of a 25-ul capillary pipette occupied by
the fluid portion of the collected semen. Sper-
matozoal content was estimated with a Neubauer
hemacytometer after diluting the semen with 9 vol.
of buffer, consisting of 0.12 M NaCl, 4.3 mM KCl,
1.2 mM MgSO,, 2.0 mM glucose and 16 mM (4-(2-
hydroxyethyl}-1-piperazine-ethanesulfonic acid
(HEPES), pH 7.4. Percent motility was determined
by direct microscopic evaluation. The number of
motile sperm per ejaculate was derived from the
sperm count, percent motility and ejaculate volume.
All semen analyses were performed within 10 min of
semen collection.

Testicular histology

After overnight fixation in Bouin’s fluid, testes
were dehydrated and embedded in paraffin (m.p.
56°). Sections (5um) were deparaffinized, rehy-
drated, and stained and counterstained with Lillie-
Mayer hematoxylin and eosin Y respectively {39].

Morphometric and other histological analyses
were performed with brightfield microscopy. Linear
measurements were made with a calibrated eyepiece
micrometer (accurate to the nearest um); these
included tunica albuginea thickness (measured at
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seven sites per testis) and seminiferous tubule dia-
meter (ten tubules per testis were measured). Aver-
age tunica albuginea thickness and seminiferous
tubule diameter for each animal were used for sub-
sequent data analysis. Germ cell desquamation was
estimated from the frequency of seminiferous tubule
lumina (300 examined per testis) that contained
immature germ cells (mainly primary spermato-
cytes). The frequency of inactive tubules (i.e. those
lined with only spermatogonia and Sertoli cells) and
the quality of spermatogenesis (rated on a scale of
1-5, 1 representing complete spermatogenesis; see
Ref. 18) were evaluated in 300 tubules per testis.

Evaluation of epididymal spermatozoa

Epididymal (cauda) spermatozoa content and
motility were estimated as described for ejaculated
spermatozoa (see above). Spermatozoa were also
evaluated for their ability to fertilize mouse oocytes,
as previously described [17]. Briefly, cumulus masses
containing oocytes were harvested from the ampullae
of ovaries from mice superovulated by injection of
10 IU PMS, followed 48 hr later by 10 TU hCG. After
a 60-min incubation in capacitation medium (modi-
fied Krebs—Ringer bicarbonate, containing 20 m%/
ml BSA), 0.1 ml epididymal spermatozoa (5 x 10°)
were inseminated into culture dishes containing the
cumulus masses in 0.1ml in vitro fertilization
medium (modified Krebs-Ringer bicarbonate, con-
taining 3 mg/mi BSA). Incubations were carried out
under silicone oil in an atmosphere of 5% O,, 5%
CO,, 90% N,, at 37° for 24 hr. Cells were mounted
and stained with acetolacmoid and examined with
phase contrast optics for signs of fertilization (2-
celled stage of development or, rarely, the presence
of male pronucleus). Results were expressed as the
percentage of oocytes that were fertilized. Frag-
mented oocytes (<10%) were not included in the
evaluation).

A portion of the epididymal sperm suspension was
fixed in Mucolexx (formaldehyde base) and smeared
onto microscope slides. The samples were air-dried,
stained with Lillie-Mayer hematoxylin, dehydrated
with ethanol, cleared in xylene, and covered with a
liquid coverslip, as previously described [24]. Sper-
matozoa were examined with an oil immersion objec-
tive (97X ) and scored for morphological anomalies,
including those of the head and tail, and for the
presence of sperm precursors (mainly primary sper-
matocytes and spermatids), cytoplasmic droplets and
decapitated spermatozoa. Two hundred sperma-
tozoa from each animal were examined. Results were
expressed as the percentage of spermatozoa exam-
ined with one or more of the above anomalies.

Analytical methods

Blood ethanol measurement. Blood (25 ul) was
collected from the tail vein into heparinized capillary
pipettes and immediately expelled into 25-ml flasks
containing 1 ml of 0.1 N HCl and 25 mM thiourea
[27] and stoppered. Samples were quantified by gas
chromatographic analysis of 2.0-ml aliquots of the
headspace of the flasks, as previously described [27].
Although blood ethanol was measured within 4 hr of
blood collection, samples were stable at 4°, and could
be stored for as long as 4 days without evidence of
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nonenzymic ethanol oxidation [40]. Blood ethanol
levels were quantified from standard curves of etha-
nol concentration versus detector response (peak
height) and were expressed as mg/dl blood. Intra-
and interassay variabilities were 3.2 and 6.2%
respectively. Recovery of ethanol standards added
to mouse blood was 98% (range = 97-104%; N =
S).

Measurement of plasma testosterone. Testosterone
in plasma (approximately 50 ul) derived from 100 ul
of blood obtained from the tail vein was determined
by radioimmunoassay, as described previously [17].
Recovery of testosterone standards added to plasma
was in excess of 90% (range = 91.4-106%; N = 7).
The sensitivity of the assay was 15 pg/assay. Intra-
and interassay variabilities were 7.5 and 9.0%
respectively.

Fructose determination. The fructose concen-
tration of the diluted semen sample was determined
from the initial rate analysis of the decrease in
absorbance at 340 nm which occurred in the presence
of sorbitol dehydrogenase and NADH; this was com-
pared with that obtained with fructose standards
[41]. Blank reactions contained only the diluant
buffer in place of the semen. Glucose did not inter-
fere with the assay at the concentration used in the
buffer [41].

Determination of acid phosphatase. Acid phos-
phatase was measured by a standard clinical pro-
cedure [42], with 7mM p-nitrophenylphosphate as
substrate at pH 5.0. After 30 min of incubation at
37°, the rate of release of p-nitrophenol was esti-
mated spectrophotometrically at 410 nm after adjust-
ing the pH of the reaction medium to 9.0. Blank
reactions contained semen samples that had been
placed prior to assay in a boiling water bath for
7min. Results were quantified by using a molar
absorptivity of 18,315 for p-nitrophenol at 410 nm.
Enzyme activity was expressed as mIU acid phos-
phatase (nmoles p-nitrophenol released/min) per ml
semen.

Statistical analyses. Body weights and diet con-
sumption were compared between ethanol-treated
and control groups by means of the unpaired ¢-test.
Association between plasma testosterone and blood
ethanol levels was evaluated with Pearson’s product-
moment correlation coefficient [43]. Ejaculate sperm
count, total motile sperm and epididymal sperm
content were subjected to logarithmic transform-
ation, whereas data concerning in vitro fertilization,
frequency of germ cell desquamation and inactive
tubules were subjected to arcsin transformation prior
to parametric analyses [43]. Results were reported
as the back-transform of the average transforms,
together with the 90% confidence limits. All other
data were reported as averages * standard errors of
the mean, unless otherwise indicated. Data were
analyzed by two-way analysis of variance and by the
Newman-Keuls multiple range test [44], with the
exception of the quality of spermatogenesis, which
was evaluated with the nonparametric Mann—-Whit-
ney U test [43], and sperm dysmorphology, which
was evaluated by Chi-square analysis. Differences
were considered significant at the 0.05 level of
confidence.
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RESULTS

Diet consumption was variable during the first 2
weeks of treatment. Average daily ethanol ingestion
rose from 39 + 6 g/kg body weight on treatment day
1 to a peak of 44 =7 g/kg on day 11. Thereafter,
consumption decreased and remained rather con-
stant at approximately 25-30 g/kg for the duration
of the study. Average peak blood ethanol levels
appeared to vary as a function of average diet (etha-
nol) consumption (Table 1) on the 3 days for which
blood ethanol levels were available (r = 0.841, df =
19; P < 0.01).

Three animals (two ethanol-treated, one control;
6% of the total) were removed from the study during
the first week of treatment, due to low diet con-
sumption with concomitant reduction in growth. For
the remaining animals, body weight gain was com-
parable for both ethanol-treated and control groups.
Average body weight increased by approximately
100% in both groups subsequent to 29 days of treat-
ment. Animals maintained on liquid diets for an
additional 2 weeks exhibited further increases in
body weight of approximately 20% for both groups
(P > 0.1, two-tailed r-test). Hematocrits determined
from all animals at the end of 29 days of treatment
revealed no effect of ethanol treatment (0.44 = 0.03
and 0.44 = 0.04 for ethanol-treated and control
groups respectively; N = 14 for each group).

Except for one time point (day 10/11, 8:30 p.m.),
average testosterone levels were lower in ethanol-
treated as compared to control animals at all times
for which measurements were made (Figs. 1-3).
Significant reductions were seen twice on day 10/11
when ethanol-treated animals were compared with
their respective controls at each time point. When
testosterone levels on day 24/25 were similarly com-
pared, one significant difference between ethanol-
treated and control groups was noted (Fig. 2). On the
other hand, two-way analysis of variance revealed an
ethanol effect on plasma testosterone for each of the
3 days during which values were obtained, when all
time points within a given day were considered
Fip = 13.39, F}; = 147.1 and F}, = 62.8; P < 0.001,
for days 10/11, 24/25 and 38/39 respectively). Tes-
tosterone levels of ethanol-treated animals were
depressed (P < 0.05) relative to those of the control
group at all time points on day 38/39 of treatment
(Fig. 3).

Interestingly, no correlation was seen between
plasma testosterone and blood ethanot levels. Cor-
relation coefficients for average plasma testosterone
and average blood ethanol were —0.86, 0.017, and
0.31 on days 10/11, 24/25 and 38/39 respectively
(df =3 for days 10/11 and 24/25, df =2 for day
38/39; P> 0.1 for each day). Correlations between
percent inhibition of plasma testosterone (ethanol-
treated vs controls at each time point) and blood
ethanol levels were similarly poor (0.62, —0.77 and
—0.59 for days 10/11, 24/25 and 38/39 respectively;
P > 0.1). The lack of association between blood etha-
nol and inhibition of plasma testosterone levels in
ethanol-treated as compared to control animals was
even more apparent when data from all three sam-
pling days were pooled (r = 0.095, df = 12; P > 0.1).
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Table 1. Ethanol consumption, peak blood ethanol levels and body weight gain during diet
acquisition™
Peak blood Body weight increasei (g)
Ethanol ethanol

Treatment consumption concentrationt

day (g/kg body wt) (mg/dl) Pair-fed control Ethanol-treated

10 43 =2 (28) 343 £ 70 34%209(19) 2.7x0.7 (28)

24 25+2(28) 119 = 39 9.2+1.7(19) 8.6+ 1.8 (28)

30 101 (19) 11 +3 (28)

38 29 +1 (14) 193 + 32 13 =1 (10) 122 (14)

44 14 = 1 (10) 143 (14)

* At age 20 days, animals were given either free access to liquid diets containing 5% (v/v) ethanol
(ethanol-treated) or were pair-fed liquid diets in which isocaloric sucrose replaced the ethanol
(control). Values represent the average + standard deviation, with the number of determinations
indicated in parentheses.

1 Blood was drawn from the tail veins of seven randomly selected animals on each of the indicated
treatment days for blood ethanol determinations (see Methods).

1 Body weights on day 1 (age 20 days) were 10.0 = 1.0 and 9.7 = 1.0 g for the control and ethanol-
treated groups respectively.
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Fig. 1. Blood ethanol and plasma testosterone profiles 1.0} 120
during day 10/11 of treatment. Ethanol and testosterone N
were de_termined from samples collected at the indi.cated 4756072100.2300, 100///500 760 60
time points. Open bars represent testosterone levels in the V ST /A]
LIGHTS OFF:
control group; hatched bars represent testosterone levels
in the ethanol-treated group. Blood ethanol levels are TIME(hr.)

indicated by the closed line. Values are reported as
averages * standard deviation of five to seven deter-
minations per time point. Asterisks at individual time points
indicate significant (P < 0.05, Newman-Keuls multiple
range test) differences between the ethanol-treated and the
respective control groups. Two-way analysis of variance
over all time points indicated a significant ethanol effect on
plasma testosterone (Flz = 13.39; P < 0.001), an effect of
time of day (Fi =3.26; P <0.05), and treatment/time
interaction (Fiz = 5.21; P < 0.005).

Animals treated with ethanol for 29 days had
decreased reproductive organ weights as compared
to those from controls (Table 2). Testicular weights
and epididymal weights were reduced by 24 and
16% respectively (P < 0.01). The average seminal
vesicular weight appeared to be reduced (14%) as
compared to the control group, although the
reduction was not significant. On the other hand,
reproductive organ weights were not depressed in
ethanol-fed animals as compared to their controls
after 43 days of treatment (Table 2).

Substantial testicular impairment was noted fol-
lowing 29 days of ethanol ingestion (Table 3). The

Fig. 2. Blood ethanol and plasma testosterone proﬁles
during day 24/25 of treatment. Details are given in the
legend to Fig. 1. Note scale changes in ordinates as com-
pared to those in Fig. 1. Two-way analysis of variance over
all time points indicated a significant ethanol effect on
plasma testosterone (Fjis = 16.83; P < 0.001), in addition
to a significant time of day effect (F§; = 3.16; P < 0.05).

average thickness of the tunica albuginea and the
average seminiferous tubule diameter were less by
31% (P < 0.05) and 16% (P < 0.01), respectively, in
the ethanol-treated as compared to the control
group. Increases were also noted in the frequencies
of germ cell desquamation and inactive tubules. Des-
quamation was increased by 325% (P <0.01),
whereas there was nearly a 9-fold increase (P < 0.01)
in the frequency of inactive tubules in the animals
that received ethanol from ages 20 to 49 days.
Additionally, the quality of spermatogenesis was
poorer (P < 0.05) in testes from animals given etha-
nol for 29 days.

In contrast, no differences were observed in any
of the above variables in testes from animals main-
tained on the ethanol diet for an additional 14 days
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Fig. 3. Blood ethanol and plasma testosterone profiles
during day 38/39 of treatment. Details are given in the
legend to Fig. 1. Values are reported as averages
+ standard deviations of five to six determinations per time
point. Note scale changes in ordinates. Two-way analysis
of variance over all time points indicated a significant
ethanol effect on plasma testosterone (Fl, = 62.85;
P<0.001}), and a significant effect of time of day
(F} = 10.16; P < 0.001).

Table 2. Delayed reproductive organ growth due to chronic
ethanol ingestion by adolescent mice*

Weight {(mg)

Seminal

Treatment Testis Epididymis vesicles
29 Days

Control T4+2 26.4+0.8 108 =8

Experimental 56 =41 223 = 0.8} 93+6
43 Days

Control 76+ 7 267 x1.2% 124 *6%

Experimental 69 +3 27.9+1.2 158 = 107

* Forty-eight hours after the indicated treatment
periods, animals were killed, and their reproductive organs
were removed and weighed. Values represent the average
+ SEM of the right organ from each of seven animals per
group.

T Differs from control group (P < 0.01, Newman-Keuls
multiple range test).

1 Two-way analysis of variance indicated a significant
effect of age on weights of epididymis (Fi, =7.01;
P < 0.025) and seminal vesicles (F}, = 29.19; P < 0.001).

(Table 3). Values were at or above control levels
for tunica albuginea thickness, seminiferous tubule
diameter and quality of spermatogenesis. While the
frequencies of germ cell desquamation and inactive
tubules appeared to be somewhat elevated relative
to those of the control group, these differences were
not significant. Improvement was noted over time
for both of these indices of spermatogenesis in the
control group (compare values after 29 days and 43
days; Table 3).

Similar findings were made with regard to cauda
epididymal spermatozoa (Table 4). Although aver-
age sperm content in the ethanol-treated group was
depressed by 50% as compared to their controls after
29 days, the difference was not significant. On the
other hand, motility and fertilizing capacity of sper-
matozoa from animals given ethanol for 29 days
were less by 62% (P <0.01) and 67% (P < 0.01)
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respectively. However, these differences were no
longer evident after an additional 2 weeks treatment
with the same diets. While sperm content, motility
and fertilizing capacity were depressed slightly (21,
14 and 5% respectively), these values were not sig-
nificantly lower than those of the control group
(P>0.1). As with testicular morphology, matu-
rational changes appeared to occur in the control
group between 52 days and 66 days of age, with
regard to sperm content, motility and fertilizing
capacity.

After 29 days treatment, a higher fraction of epid-
idymal spermatozoa from ethanol-treated animals
had one or more morphological anomalies as com-
pared to their controls (163% higher incidence;
P < 0.001). Significant increases in the number of
head and tail anomalies, as well as increased inci-
dence of decapitation, cytoplasmic droplets and
sperm precursors were present after 29 days treat-
ment (Table 5).

After 43 days treatment, the frequency of sper-
matozoa with one or more abnormalities was lower,
although it remained increased by 31% (P < 0.001)
as compared to the control group. On the other
hand, anomalies that were not greater than those of
the control group included the incidence of sperm
precursors, cytoplasmic droplets (a measure of sperm
maturation; [45]) and decapitated spermatozoa
(Table 5). The percentage of abnormal spermatozoa
remained constant in control animals from ages 52
to 65 days.

The primary seminal (ejaculate) deficiency result-
ing from ethanol ingestion was that of volume (Table
6). Significant (P = 0.05) reduction (57%) of semen
volume in the ethanol-treated as compared to the
contro] group was seen after 29 days treatment. Small
decreases in sperm count, percent motility and acid
phosphatase concentration were seen after 29 days,
although these apparent differences were not signifi-
cant. Total motile sperm, on the other hand, derived
from semen volume, sperm count and percent
motility, was depressed (P < 0.05) by 81%, from an
average of 3.4 x 10° for the control group to
0.6 x 10° for ethanol-treated animals. Coagulum
weights, percent motility and fructose concentrations
appeared to remain unchanged, whereas acid phos-
phatase may have increased somewhat. Interest-
ingly, sperm count was depressed significantly in
ethanol-treated animals after 43 days (75%
reduction, P <0.01). Additionally, total motile
ejaculated spermatozoa remained depressed by 90%
(P < 0.01) in ethanol-treated versus control animals.

DISCUSSION

Few studies have been directed toward the eval-
uation of biochemical or physiological effects of etha-
nol, administered either acutely or chronically, dur-
ing male adolescent development. With regard to
reproductive status, only two other studies, to the
authors’ knowledge, have purposely utilized ado-
lescent male animals [32,46]. These studies,
however, provided little information concerning the
amount of ethanol ingested and/or the blood ethanol
profiles that were associated with the observed
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Table 3. Delayed testicular development in ethanol-treated pubertal mice*

Tunica Seminiferous
albuginea tubule Germ cell Inactive
thickness diameter desquamation tubules Spermatogenesis
Treatment (uM) (uM) (%) (%) (1-5)
29 Days
Control 13424 193.0 £ 2.1 3.1 0.5 1.0
(1.1-6.0) (0.1-1.2)
Ethanol-fed 8.6 = 1.0t 161.8 = 4.2¢ 15.9% 4.4% 1.7§
(8.4-25.1) (1.3-9.3)
43 Days
Control 120+ 1.0 184.0 = 4.4 0.6| 0.3 1.0
(0.2-1.4) (0.05-0.7)
Ethanol-fed 14.0 £ 0.7 1734+ 74 2.2 0.6 1.0
(0.84.2) (0.1-1.4)

* After either 29 or 43 days treatment, animals were removed from their respective diets and given free
access to laboratory chow and water. Forty-eight hours thereafter, animals were killed, and the right testes
were removed, fixed, and prepared for microscopic examination (see Methods). Values were derived from
six animals per treatment group. Linear measurements were reported as average * standard error of the
mean. Data concerned with germ cell desquamation and inactive tubules were subjected to arcsin
transformation prior to statistical analysis and were expressed as the back-transformation of the average
transform, with 90% confidence limits indicated in parentheses. Spermatogenesis was reported as the
average score (1 representing complete spermatogenesis).

t Value differs from that of respective control group (P < 0.05, Newman—Keuls multiple range test).

1 Value differs from that of respective control group (P < 0.01, Newman—Keuls multiple range test).

§ Value differs from that of respective control group (P < 0.05, Mann—Whitney U-test).

|| Two-way analysis of variance indicated a significant age effect (F}, =22.89, P < 0.001, and
Flp = 7.30, P < 0.025, for germ cell desquamation and inactive tubules respectively).

Table 4. Epididymal spermatozoa content and viability after ethanol ingestion by sexually
immature mice*

In vitro fertilizing

Spermatozoal content Spermatozoal motility capacity

Treatment (% 1075) (%) (% fertilization)
29 Days
Control 33.6 45 64
(14.3-78.6) (32-57) (56-70)
Ethanol-fed 13.8 17+ 18+
(4.5-42.1) (13-21) (6.2-35)
43 Days
Control 95.8¢ 43 74%
(53.2-172.2) (39-47) (66-82)
Ethanol-fed 91.1 37 71
(77.8-106.9) (31-43) (58-82)

* Forty-eight hours after the indicated treatments, sperm content, motility and fertilizing
capacity were measured in spermatozoa recovered from the right cauda epididymis from each
of seven animals per treatment group, as described in Methods. Data regarding sperm content
were subjected to logarithmic transformation, whereas data regarding sperm motility and in vitro
fertilization were subjected to arcsin transformation prior to further analysis. Values are expressed
as averages, with the 90% confidence limits indicated in parentheses.

t Value differs from that of respective control (P < 0.01, Newman-Keuls multiple range test).

+ Two-way analysis of variance indicated a significant age effect (F}, = 13.86 and 25.32 for
sperm content and fertilizing capacity respectively; P < 0.025).

changes. Moreover, in one of the studies [46], ani-
mals experienced substantial reduction in body
weight gain (37%) as compared to control animals
during week 2 of treatment. Nutritional factors there-
fore, cannot be excluded in their studies. Neither of
the above studies was directed toward examination
of the reproductive tract.

*R. A. Anderson and B. R. Willis, unpublished
observations.

In the present study, treatment was carried out for
sufficient duration so as to include the age of onset
of sexual maturity (29 days treatment) in the mouse
[36, 37], as well as late pubertal development, during
which time male mice become fully reproductively
competent (43 days treatment). The longer treat-
ment period was based upon in vivo mating experi-
ments, from which it was determined that successful
matings occurred consistently only with males whose
ages were at least 60 days.*
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Table 5. Increased spermatozoal dysmorphology associated with chronic ethanol ingestion during pubertal

development*

Frequency of anomaly (%)

Abnormal
spermatozoa
Cytoplasmic Sperm (1 or more

Treatment Head Tail Decapitated droplet precursors anomalies)
29 Days

Control 5.9 8.8 6.8 0.3 0.4 19.0

Ethanol-fed 25.9% 18.2% 9.1% 2.4% 5.4+ 50.3%
43 Days

Control 7.0 6.0 6.5 0.5 0.9 18.0

Ethanol-fed 11.6% 8.1% 5.6 0.6 1.5 23.0t

* Forty-eight hours after the indicated treatment, spermatozoa were recovered from the right cauda
epididymis from each of seven animals per treatment group. Sperm were fixed, stained and examined
for morphological anomalies, as described in Methods. Values were calculated based upon examination

of 1400 spermatozoa per treatment group.

+ Value differs from that of respective control group (P < 0.001, x? analysis).
i Value differs from that of respective control group (P < 0.035, x? analysis).

Table 6. Semen analysis of mice subsequent to chronic ethanol ingestion*

Coagulum Acid
Volume weight Sperm count Motility Fructose phosphatase
Treatment (ul) (mg) (% 107 /ml) (%) (mM) (mIU/ml)
29 Days
Control 7.0x1.7 8.0x0.8 15.7 31 17.0 = 3.8 60.2+73
(6.041.6) (16-49)
Ethanol-fed 3.0£0.7+ 99=x15 10.6 20 25162 44.0+ 8.4
(4.6-24.6) (8-35)
43 Days
Control 17.0 = 2.1§ 111+20 71.1% 22 250%+6.3 61452
(49.9~101.4) (8-39)
Ethanol-fed 8.0x1.9% 7.1=x1.1 17.9% 19 19.3+3.2 77.0 £ 13.6
(6.5-48.9) (7-36)

* Twenty-four hours after removal of their respective diets, semen was collected from all animals by electroejaculation,
as described in Methods. Data regarding semen volume, coagulum weight, seminal fructose and acid phosphatase were
expressed as average = standard error of seven determinations per group. Data regarding sperm content and motility
were subjected to logarithmic and arcsin transformations, respectively, prior to statistical analyses; averages are presented,

with 90% confidence limits indicated in parentheses.

T Value differs from that of respective control group (P = 0.05, Newman-Keuls multiple range test).
1 Value differs from that of respective control group (P < 0.01, Newman—Keuls multiple range test).
§ Two-way analysis of variance indicated a significant age effect (F}, = 19.38, P < 0.001, and F}, = 5.56, P < 0.05, for

volume and sperm count respectively).

In contrast to previous studies with adult animals
[18], diet consumption (normalized for body weight)
was not constant throughout the treatment period
(Table 1). Diet (and, hence, ethanol) consumption
was substantial during the first 2 weeks (ages 20-34
days), dropping thereafter to levels approximating
those consumed by adults [18]. These findings were
not unexpected, since increased diet ingestion
occurred during a period of rapid growth and devel-
opment [36].

The data strongly suggest that mice subjected to
chronic ethanol treatment from ages 20 to 49 days
have not achieved the reproductive competency of
their age-matched controls. Developmental impair-
ment was observed with regard to testicular histology
(Table 3), spermatozoal motility (Table 4), sper-
matozoal morphology (Table 5), ability of sper-

matozoa to fertilize in vitro, and possibly sperm
production (content; Table 4) and accessory sex
gland secretions (Table 6), as well as lowered repro-
ductive organ weights. Underlying factors for defi-
ciencies observed after 29 days of ethanol treatment
may include delayed sexual maturation, degener-
ative changes of preexisting reproductive function,
or a combination of the two factors. Although the
latter two possibilities cannot be entirely excluded
on the basis of the present data, their significance
is minimized by the apparent normalization of the
various indices of reproductive function in animals
maintained on the same ethanol treatment regimen
for an additional 2 weeks. If the impairments in
reproductive function observed after 29 days treat-
ment were due to ethanol-induced degeneration of
pre-existing reproductive potential, then one would
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have expected an exacerbation of the impairment of
reproductive function after 49 days treatment, rather
than its normalization.

The exact extent to which delayed sexual matu-
ration occurred is not possible to ascertain from
the present study, since only two time points were
evaluated. However, a separate study (unpublished),
in which testicular weights were measured as a func-
tion of age, suggested that after 29 days ethanol-
treated animals lagged behind their controls with
respect to testicular growth by approximately 13
days.

The apparent failure of 43 days of ethanol treat-
ment to further compromise reproductive function
is not unexpected, since similar treatment of adult
mice produced only subtle changes in testicular mor-
phology {18], and had little or no effect upon sperm
motility, morphology or ability to fertilize oocytes in
vitro [24]. Longer treatment periods, however (i.e.
10 weeks), produced moderate pathological changes
in these variables [18, 24].

The effects of ethanol on indices of reproductive
function appeared to be relatively specific. Gross
estimates of body growth and nutrition (i.e. body
weights, hematocrits) were not affected by ethanol
treatment (see text, Results), minimizing the con-
tribution of possible nutritional deficiency [47] to the
observed data.

As expected, plasma testosterone levels of control
animals increased during the course of treatment
{Figs. 1 and 2), which corresponded to the period of
pubertal development in the mouse [36,37]. Tes-
tosterone levels were depressed throughout ethanol
ingestion, suggesting that testes (and/or the hypo-
thalamic—pituitary axes) from sexually maturing ani-
mals may be qualitatively similar to those from the
adult with regard to sensitivity to reduction of ster-
oidogenesis by ethanol [25,26, 48, 49]. However,
also in agreement with previous studies with adult
mice [17, 18], biood ethanol levels were poorly cor-
related with plasma testosterone. Since blood etha-
nol levels closely parallel the alcohol levels of the
testes [50], these data indicate that ethanol may be
exerting an indirect effect on in vivo steroidogenesis,
possibly by interfering with gonadotropin-testicular
receptor interaction [27, 51]. Previous studies in the
mouse [27] indicated that consistent reduction in
plasma testosterone by acute administration of etha-
nol is dependent upon prior administration of human
chorionic gonadotropin, which has luteinizing hor-
mone (LH)-like activity. Ethanol appears to have an
active role in preventing a gonadotropin-induced
rise in testosterone production. A dependence upon
spontaneous gonadotropin stimulation for ethanol-
induced testosterone depression, In vivo, could
explain the poor correlation between blood ethanol
and inhibition of plasma testosterone levels, and
the greater inhibition relative to controls of plasma
testosterone by ethanol on treatment day 38/39, as
compared to effects seen in younger animals (Figs.
1-3). At age 58 days (day 38/39 of treatment), LH
release and levels should be increased to very near
adult levels [37]. The profiles of plasma testosterone
observed throughout the treatment period argue
against reduced plasma testosterone as a primary
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mechanism for the effects of ethanol seen after 29
days treatment in the present study, since the greatest
reduction of testosterone (day 38/39; Fig. 3)
occurred when androgen-responsive reproduction
variables of ethanol-treated animals were approach-
ing those of their controls. Moreover, minimal effects
on testosterone were noted (Fig. 2) during a period
in which substantial reproductive impairment was
evident (ages 44-49 days).

Depressed testosterone may represent an acute,
rather than a chronic, ethanol effect. Studies in the
mouse showed that ethanol-induced depression of
testosterone levels in adult males is readily reversible
after similar treatment for as long as 10 weeks [18].
Plasma testosterone levels in ethanol-treated animals
did not differ from those of their controls when
measured 12 hr after ethanol withdrawal. The pos-
sible acute nature of depressed testosterone observed
in the present study is supported by the significant
increase in seminal vesicle weight seen in ethanol-
treated animals subsequent to 43 days treatment
(Table 1). Increased growth of the seminal vesicles
during puberty is closely associated with increased
androgen levels [52]. Normal or above-normal
plasma testosterone levels during periods of low
ethanol intake may be sufficient to support accessory
gland growth, since the state of the seminal vesicles
more closely reflects long-term androgen status,
rather than transient fluctuations [53]. Due to the
nocturnal feeding habit of mice, ethanol con-
sumption between 9:00 a.m. and 5:00 p.m. is gen-
erally less than 20% of the total daily intake, resulting
in blood ethanol levels ranging from nondetectable
to less than S0 mg/di [17]. Such low levels would not
be expected to depress plasma testosterone, regard-
less of the exact mechanism by which ethanol may
elicit this effect. In fact, low doses of ethanol, given
acutely, result in elevated plasma testosterone
{15, 17]. At present, these possibilities remain specu-
lative. Measurement of plasma testosterone during
periods of low ethanol consumption (e.g. during the
lights-on period) will help to clarify this question.

Analysis of semen collected by electroejaculation
yielded equivocal results, especially with regard to
ejaculated spermatozoa (Table 6). In contrast to
epididymal sperm content and motility (Table 4),
sperm count and sperm motility of ejaculates were
depressed only slightly after 29 days treatment;
although motility remained unchanged after 43 days,
sperm count was depressed at this time. The failure
to detect a decrease in sperm count after 29 days
may be explained, at least in part, by decreased
ejaculate volume. The total number of spermatozoa
recovered from ejaculates produced by ethanol-
treated animals was reduced by 71% (P < 0.05), as
compared to the control group after 29 days. On the
other hand, the depressed sperm count after 43 days
(together with reduced semen volume) suggests that,
under certain conditions, epididymal spermatozoa
content (and most likely, sperm quality) may not be
reflected by ejaculated spermatozoa.

Such discrepancy may be at least partially ex-
plained by ethanol-induced changes in sperm distri-
bution throughout the reproductive tract. These
changes may concentrate spermatozoa within the
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epididymis and reduce their emission during ejacu-
lation. Administration of 5% ethanol diets for either
5 or 10 weeks to adult mice [24] elevates epididymal
sperm content. This increase may be due to the
effects of ethanol on norepinephrine release in the
vas deferens [54], which may, in turn, affect motility
of this part of the reproductive tract [55]. Sym-
patholytic agents have been shown to be similar to
vasoligation, in terms of producing increases in the
epididymal sperm concentration [56]. Alternatively,
chronic ethanol ingestion may impair the ejaculatory
reflex. Inhibition of the ejaculatory response by etha-
nol has been known for some time [57, 58]. Whether
chronic ethanol ingestion during pubertal devel-
opment has a similar effect is unknown; sexual impo-
tence has been reported in chronic alcoholics [59];
additionally, alcoholics have produced azoospermic
[60] or oligoospermic [61] semen samples. However,
the precise role of an altered ejaculatory response
could not be assessed from such studies. Decreased
semen volume, together with apparently normal
fructose and acid phosphatase concentration, sup-
port either the possibility of an impaired ejaculatory
response or decreased secretory activities of the
seminal vesicles and prostate glands respectively. On
the other hand, the significant increase in seminal
vesicular weights after 43 days treatment (Table 2)
argues against decreased secretory activity of this
organ. Further experimentation is required to clarify
this question.

The precise mechanism(s) for ethanol-induced
delayed sexual maturation is unknown. Much of the
research concerning male sexual maturation has been
conducted in the rat (for review, see Ref. 62). From
these studies, at least some of the physiological and
biochemical events that transform the male from
its prepubertal to its adult state can be postulated.
Pubertal development is associated with a transient
increase in testicular 5a-reductase, which may act
indirectly to increase the number of LH receptors
and testicular 17B-hydroxysteroid dehydrogenase
activity, which are observed to occur during sexual
maturation, via increased follicle stimulating hor-
mone (FSH) release {62]. This, in turn, results in
increased levels of testosterone with a concomitant
decrease in androstenedione. Decreased andro-
stenedione levels permit the development of the
GnRH self-priming effect (an effect in which a pri-
mary GnRH stimulus sensitizes the pituitary to sub-
sequent GnRH stimuli}), and lead to decreased sen-
sitivity of LH release to negative feedback inhibition
by testosterone (which permits increased LH levels
in the face of rising testosterone). Additionally, in
the immature male, testosterone augments the sti-
mulatory effect of GnRH on LH release [63], which
allows for further increases in testosterone levels.
Due to substrate inhibition, rising testosterone levels
lower Sa-reductase activity to adult values. This com-
pletes the putative sequence of changes leading to
sexual maturation, resulting in adult levels of tes-
tosterone, LH and FSH, with a mature hypo-
thalamic—pituitary—gonadal axis. Since the hormonal
profile leading to the maturation of the mouse is
similar to that of the rat [37], the above scheme may
also apply to the mouse.

R. A. ANDERSON JR. ¢t al.

Studies conducted in adult males indicate that
many events related to sexual maturation may be
affected by ethanol. Chronic ethanol exposure dim-
inishes hepatic Sa-reductase activity [20], may pre-
vent the pubertal rise in activity of the testicular form
of this enzyme [64], reduces the number of testicular
gonadotropin receptors [65], exerts a direct effect on
gonadotropin-testicular receptor interaction (at least
acutely; see Refs. 27 and 51), decreases testicular
17B-hydroxysteroid dehydrogenase [21], increases
androstenedione levels {21, 66], and reduces cir-
culating LH and testosterone levels [ 15-18]. Whether
any one or more of these effects are observed in the
pubertal male remains to be determined.

The clinical consequences of delayed sexual matu-
ration are substantial. Not only is reproductive per-
formance affected, but also the development of
secondary male characteristics (e.g. body hair
pattern, voice, musculature, behavior). A delay in
these maturational changes could be psychologically,
as well as physiologically, deleterious, creating
depression, which could potentiate the drinking
behavior of the alcohol abuser. It is hoped that the
present study may serve as a basis for future clinical
studies that evaluate risk factors associated with ado-
lescent alcohol abuse as they relate to subsequent
maturational processes.
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